We observed that human rhabdomyosarcoma (RMS) cells highly express a tissue factor that promotes thrombin formation, which indirectly and directly affects RMS progression. First, we found that thrombin activates platelets to generate microvesicles (PMV), which transfer to RMS cells' α2β3 integrin and increase their adhesiveness to endothelial cells. Accordingly, RMS cells covered with PMVs showed higher metastatic potential after i.v. injection into immunodeficient mice. Furthermore, PMVs activate mitogen-activated protein kinase (MAPK)p42/44 and AKT to chemoattract RMS cells. We also found that RMS cells express functional proteaseactivated receptor-1 (PAR1) and PAR3 and respond to thrombin stimulation by MAPKp42/44 and MAPKp38 phosphorylation. To our surprise, thrombin did not affect RMS proliferation or survival; it inhibited the chemotactic and adhesive properties of RMS cells. However, when PAR1-specific agonist thrombin receptor-activating peptide 6 was used, which does not activate PAR3, selective PAR1 stimulation enhanced RMS proliferation. To learn more on the role of PAR1 and PAR3 antagonism in RMS proliferation and metastasis, we knocked down both receptors by using a short hairpin RNA strategy. We found that although thrombin does not affect growth of PAR1 −/− cells, it stimulated the proliferation of PAR3 −/− cells. More importantly, PAR3 −/− cells, in contrast to PAR1 −/− ones, formed larger tumors in immunodeficient mice. We conclude that thrombin is a novel underappreciated modulator of RMS metastasis and that we have identified a novel role for PAR3 in thrombin signaling.
Introduction
Rhabdomyosarcoma (RMS) is the most common soft tissue sarcoma of adolescence and childhood, accounting for 5% of all malignant tumors in patients under 15 years of age. Most RMS tumors originate in the head and neck region, urogenital tract, and extremities (1) (2) (3) . It is well known that RMS cells, particularly alveolar (A)RMS, can infiltrate the bone marrow (BM) and, because they can resemble hematologic blasts, may sometimes be misdiagnosed as acute leukemia cells (1-3).
There are two major histologic subtypes of RMS: the ARMS and embryonal (E)RMS (4) (5) (6) (7) (8) (9) (10) . Clinical evidence indicates that ARMS is more aggressive and has a significantly worse outcome than ERMS. Genetic characterization of RMS has identified markers that show excellent correlation with histologic subtype. Specifically, ARMS is characterized by the translocation t(2;13)(q35;q14) in 70% of cases or the variant t(1;13)(p36;q14) in a smaller percentage of cases. These translocations disrupt the paired box-containing (PAX)3 and PAX7 genes on chromosomes 2 and 1, respectively, and the forkhead in RMS (FKHR) gene on chromosome 13 . As such, they generate PAX3-FKHR and PAX7-FKHR fusion genes. These fusion genes encode the fusion proteins PAX3-FKHR and PAX7-FKHR, which are believed to act in cell survival and deregulation of the cell cycle in ARMS cells (4) (5) (6) (7) (8) (9) (10) .
The major clinical problem of RMS is its ability to metastasize and infiltrate various organs. Several chemokines [e.g., stromal-derived factor-1 (SDF-1), IFN-inducible T-cell α chemoattractant], growth factors [e.g., hepatocyte growth factor (HGF), insulin growth factor 1], and cytokines (e.g., leukemia inhibitory factor) are involved in the spread and metastasis of RMS (11) (12) (13) (14) . Interestingly, several reports also link RMS spread to subacute intravascular coagulation, which, in some cases, may even lead to a hemorrhagic tendency as a result of consumption coagulopathy (15) (16) (17) . In particular, coagulopathy seems to be a common feature of ARMS. Because the association of cancer dissemination and thrombosis is a well-known phenomenon for various cancer types (e.g., pancreatic, brain, lung, breast, prostate, and breast; refs. 18-26), we became interested in whether the coagulation system may also modulate the metastatic behavior of human RMS cells.
We report that human RMS cells lines express a tissue factor on their surface that activates conversion of prothrombin to thrombin, which may affect several aspects of cancer metastasis (27, 28) . First, it may indirectly influence tumor growth by releasing prometastatic circular membrane fragments from activated platelets called plated-derived microvesicles (PMV). As we reported for lung cancer (29) and breast cancer cells (30) , PMVs may stimulate tumor cells and transfer integrin receptors to their surface, which increase their prometastatic properties. Thrombin possesses proteolytic activity and may also directly stimulate tumor cells by interacting with proteaseactivated receptors (PAR). PARs are unique members of the G protein-coupled receptor family activated primarily by proteases. Protease cleavage exposes a tethered ligand at the NH 2 terminus that subsequently binds to a conserved region in the second extracellular loop, which leads to intracellular signaling. There are currently four known PARs: PAR1, PAR3, and PAR4, which are activated primarily by thrombin, and PAR2, which is activated by trypsin (31) (32) (33) (34) (35) . However, PAR2 is not cleaved by thrombin; it plays a role in signaling by engaging PAR1 in response to thrombin (36, 37) .
It has been reported that thrombin may increase chemotaxis, adhesion, proliferation, and invasiveness of several tumor cell types (38) (39) (40) (41) (42) . For example, blocking endogenous thrombin by an infusion of hirudin reduces the metastasis of experimental lung cancer up to 400 times in mice (38) . Nevertheless, the molecular mechanisms responsible for all these effects may vary with tumor type. Generally, because of the pleiotropic effects of thrombin, e.g., activation of platelets, stimulation of angiogenesis, and direct stimulation of tumor cells through PARs, thrombintumor cell interactions are not well understood.
In the current report, we provide novel evidence that RMS-expressed tissue factor promotes the generation of thrombin, which regulates the prometastatic properties of RMS cells indirectly (by PMV generation) and directly (by stimulation of PARs). Thus, thrombin is a novel, underappreciated, prometastatic factor for these cells and modulation of blood coagulation cascade (BCC) may become an important therapeutic strategy to prevent RMS progression.
Materials and Methods
Cell lines. We used human RMS cell lines (gift of Dr. Frederic Barr, University of Pennsylvania, Philadelphia, PA) comprising ARMS lines (RH2, RH4, RH28, RH30, and CW9019) and ERMS lines (RH18, RD, and SMS-CTR). RMS cells used for experiments were cultured in RPMI 1640 (Sigma-Aldrich) and supplemented with 100 IU/mL penicillin, 10 μg/mL streptomycin, and 50 μg/mL neomycin (Life Technologies, Inc.) in the presence of 10% heat-inactivated fetal bovine serum (Life Technologies). Cells were cultured in a humidified 5% CO 2 atmosphere at 37°C at an initial cell density of 2.5 × 10 4 cells/flask (Corning) and the media were changed every 48 hours.
Reverse transcriptase-PCR. Total RNA was isolated using the RNeasy Mini kit (Qiagen, Inc.). Messenger RNA (0.5 μg) was reverse transcribed with 500 units of Moloney murine leukemia virus-RT. The resulting complementary DNA fragments were amplified using 5 units of Thermus aquaticus (Taq) polymerase. Primer sequences for human PAR1 were forward primer 5′-GTG GCC GCC TGC TTC AG-3′ and reverse primer 5′-CAG CAG CAT AAG CTC GTG CAT-3′; primer sequences for human PAR3 were forward 5′-GTT GCC CAC TTT TTG TCA GAG T-3′ and reverse primer 5′-TCC AAA TAC CCA GTT GTT CCC-3′; primer sequences for human PAR4 were forward 5′-TGA GCA ACA TGG TAA AAC CCC-3′ and reverse primer 5′-TGC CAC AAT GCC TGG TTC A-3′; primer sequences for human tissue factor were forward 5′-AAC CCA AAC CCG TCA ATC AAG-3′; and reverse primer 5′-TCC TTC ACA ATC TCG TCG GTG-3′; and primer sequences for human β-actin were forward 5′-GGA AAT CGT GCG TGA CAT TAA GG-3′ and reverse primer 5′-CTG ATC CAC ATC TGC TGG AAG GT-3′.
Detection of tissue factor. RMS cells were detached from culture dishes by using Cell Stripper (BD Becton Dickinson Pharmingen), a nonenzymatic cell deattachment solution, and were washed twice in PBS before lysing for 10 minutes on ice in M-Per lysing buffer (Pierce) containing protease and phosphatase inhibitor cocktails (Sigma). Subsequently, the extracted proteins were separated on a 10% SDS-PAGE and the fractionated proteins were transferred to a nitrocellulose membrane (Schleicher & Schuell) as previously described. Presence of human tissue factor protein was detected using commercial rabbit and horseradish peroxidase-conjugated goat anti-rabbit IgG as secondary antibodies (Ab; Santa Cruz Biotech). Equal loading in the lanes was evaluated by stripping the blots and reprobing with mouse monoclonal Ab against β-actin (Sigma-Aldrich) and horseradish peroxidase-conjugated goat anti-mouse IgG as secondary Abs (Santa Cruz Biotech). The membranes were developed with an electrochemiluminescent reagent (Amersham Life Sciences), dried, and subsequently exposed to HyperFilm (Amersham Life Sciences).
Measurement of tissue factor activity. RMS cells were detached from culture dishes by using Cell Stripper (BD Becton Dickinson Pharmingen) and were washed twice in PBS. One million RMS cells were lysed and solubilized with 15 mmol/L octyl-β-D-glucopyranoside at 37°C for 15 minutes. Fresh cell lysates were assayed using the AssaySense Human Tissue Factor Chromogenic Activity Assay kit (Assaypro) according to the manufacturer's instructions. Briefly, cell lysates were supplemented with coagulation factor VII and X (FVII and FX) and incubated for 30 minutes at 37°C. Next, FXa substrate was added to the mixture and absorbance was read at 405 nm. Tissue factor activity was evaluated using a standard curve based on standards supplemented by the manufacturer. Signal transduction studies. RMS cell lines were kept in RPMI containing low levels of bovine serum albumin (0.5%) to render them quiescent and were divided and stimulated with optimal doses of thrombin (1 U/mL) for 2, 5, and 15 minutes at 37°C before lysing for 10 minutes on ice in M-Per lysing buffer (Pierce) containing protease and phosphatase inhibitor cocktails (Sigma). Subsequently, the extracted proteins were separated on a 10% SDS-PAGE and the fractionated proteins were transferred to a nitrocellulose membrane (Schleicher & Schuell) as previously described. Phosphorylation of the intracellular kinases, 44/42 mitogen-activated protein kinase (MAPK; Thr 202/Tyr 204), AKT (Ser 473), and p38 MAPK proteins was detected using commercial mouse phosphospecific monoclonal Ab (p44/42) or rabbit phospho-specific polyclonal Abs for each of the remainder (all from New England Biolabs) with horseradish peroxidase-conjugated goat anti-mouse IgG or goat anti-rabbit IgG as secondary Abs (Santa Cruz Biotech) as described (13) . Equal loading in the lanes was evaluated by stripping the blots and reprobing with appropriate monoclonal Abs: p42/44 anti-MAPK Ab clone #9102 (New England Biolabs). The membranes were developed with an electrochemiluminescent reagent (Amersham Life Sciences), dried, and subsequently exposed to HyperFilm (Amersham Life Sciences).
Chemotaxis assay. The 8-μm pore polycarbonate membranes were covered with 50 μL of 0.5% gelatin. RMS cells were detached from culture dishes by using Cell Stripper (BD Becton Dickinson Pharmingen) and were washed in RPMI 1640, resuspended in RPMI 1640 with 0.5% bovine serum albumin, and seeded at a density of 3 × 10 4 in 120 μL into the upper chambers of Transwell inserts (Costar Transwell, Corning Costar). The lower chambers were filled with 0.5% bovine serum albumin RPMI 1640 (control) or conditioned media (CM) and CM together with thrombin, thrombin receptor-activating peptide 6 (TRAP6), PAR2, or PAR4 agonists. After 24 hours, the inserts were removed from the Transwells. Cells remaining in the upper chambers were scraped off with cotton wool and cells that had transmigrated were stained by Hema 3 (Protocol, Fisher Scientific) and counted either on the lower side of the membranes or on the bottom of the Transwells.
Adhesion to human umbilical vein endothelial cells. RMS cells were labeled before assay with the fluorescent dye calcein-AM for 30 minutes in serum-free media. Next, cells were incubated with control media, CM harvested from human BM-derived fibroblasts (BM-CM), and CM with thrombin. Cells were added for 15 minutes (10 5 cells/well) to the 96-well plates covered by human umbilical vascular endothelial cells, which had been pretreated for 16 hours with tumor necrosis factor-α (5 ng/mL). After the nonadherent cells had been discarded, cells that adhered to the human umbilical vein endothelial cells were evaluated using a fluorescent microscope.
Time lapse monitoring of the locomotion of individual cells. The images of human RMS migrating on plastic at 37°C were evaluated with an inverted microscope using phase-contrast optics. Analysis of cell migration began 18 hours after cell seeding. The locomotion images were recorded with a charge-coupled device camera. CW9019, RD, RH5, RH28, and RH30 cells were plated to Corning flasks at a density of 1 × 10 4 cells/cm 2 and were mock treated or prestimulated by SDF-1 (300 ng/mL) or by SDF-1 (300 ng/mL) together with thrombin (5 U/mL) for 60 minutes before recording. The cell trajectories were constructed from 48 subsequent cell centroid positions recorded for 240 minutes at 5-minute intervals. The cell trajectories were presented in circular diagrams (43) and the lengths of cell tracks were calculated under these conditions in addition to the final displacement and cell tracks (20) were recorded.
The following parameters characterizing cell locomotion were computed for each cell using procedures written in the Mathematica language, including: (a) total length of cell trajectory (in micrometers); (b) whether the trajectory was a sequence of N straight line segments, each corresponding to cell centroid translocation within one time interval between two successive images; (c) total length of the final displacement of the cell from the starting point to the final position, i.e., distance between the first and last points of the cell track (in micrometers); (d) average speed of cell locomotion defined as total length of cell trajectory/time of recording; and (e) the ratio of cell displacement length to cell trajectory length, called the coefficient of movement efficiency (CME; refs. [44] [45] [46] .
Short hairpin RNA. The peptide RNA-U6.1/Neo plasmid carrying shorat hairpin RNA for PAR1 and PAR3 was engineered by annealing the single-strand oligonucleotides 5′-GAT CCC GCA TGT ACG CCT CTA TCT TGT TCA AGA GAC AAG ATA GAG GCG TAC ATG TTT TTT CCA AA-3′ and 5′-AGC TTT TGG AAA AAA CAT GTA CGC CTC TAT CTT GTC TCT TGA ACA AGA TAG AGG CGT ACA TGC GG-3′ (for PAR1), and 5′-GAT CCC GCA CTT GCG AGT CCT CAT CTT TCA AGA GAA GAT GAG GAC TCG CAA GTG TTT TTT CCA AA-3′ and 5′-AGC TTT TGG AAA AAA CAC TTG CGA GTC CTC ATC TTC TCT TGA AAG ATG AGG ACT CGC AAG TGC GG-3′ (for PAR3), and inserting the doublestrand oligonucleotide in the peptide RNA-U6.1/Neo plasmid (GenScript Co). RMS cells were transfected using Lipofectamine 2000 (Invitrogen).
Isolation of PMVs. Human peripheral blood platelets were isolated from healthy volunteer donors who had given informed consent; the protocols used were approved by the Institutional Review Board of the University of Louisville.
The platelets were activated by thrombin (0.1 U/mL) and collagen (4 g/mL; Sigma-Aldrich) for 30 minutes at 37°C by stirring and were centrifuged twice at 2,000 g for 15 minutes at 4°C. The PMV-enriched supernatants were collected and centrifuged at 24,000 g for 1 hour at 4°C. The pellets were washed and resuspended in HEPES buffer (pH 7.4). The PMVs were characterized by staining with PE-conjugated anti-human Abs against IIb3 (CoulterImmunotech), P-selectin (CD62; Becton Dickinson), and CXC chemokine receptor 4 (Becton Dickinson Pharmingen). PMVs were fixed in 1% paraformaldehyde before FACS analysis using the FACScan (Becton Dickinson). Concentrations of both PMVs were estimated by Bradford assay.
Detection of platelet-specific receptors on human RMS. To show the presence of PMVs on the surface of target cells, RMS cancer cells incubated with PMVs were stained with PE-anti-CD41 Ab (Coulter-Immunotech) and analyzed by FACS. As isotype controls, we used PE-goat-anti-mouse Abs.
In vivo model of metastasis of RMS cells. Five-to 6-week-old male severe combined immunodeficient" (SCID)-Beige inbred mice (National Cancer Institute) were injected i.v. with 5 × 10 6 RMS cells that had been incubated with PMVs, thrombin, or a combination of both. Before injection, cells were washed in PBS. After 48 hours, mice were euthanized and their lungs were collected. The presence of RMS cells, i.e., murine-human chimerism, was evaluated as the difference in the level of human-satellite. DNA was amplified in the extracts isolated from the BM derived-and lung-derived cells using realtime PCR. Briefly, DNA was isolated using the QIAamp DNA Mini kit (Qiagen). Detection of human-satellite and murine β-actin DNA levels was accomplished using real-time PCR and an ABI Prism 7000 Sequence Detection System. A 25-μL reaction mixture contained 12.5 μL SYBR Green PCR Master Mix; 300 ng DNA template; 5′-GGG ATA ATT TCA GCT GAC TAA ACA G-3′, 5′-TTT CGT TTA GTT AGG TGC AGT TAT C-3′, and 5′-AAA CGT CCA CTT GCA GAT TCT AG-3′ primers for the satellite; and 5′-GGA TGC AGA AGG AGA TCA CTG-3′ forward and 5′-CGA TCC ACA CGG AGT ACT TG-3′ reverse primers for the β-actin. Cycle threshold was determined as described before (13) . The number of human cells present in murine lungs (degree of chimerism) was calculated from the standard curve obtained by mixing different numbers of human cells with a constant number of murine cells.
Cell proliferation. Cells were plated in culture flasks at an initial density of 1 × 10 4 cells/cm 2 . In some experiments, cells were cultured in the presence or absence thrombin or TRAPs. The cell number was calculated 72 hours after culture initiation. At the indicated time points, cells were harvested from the culture flasks by trypsinization and the number of cells was determined using a Bürker hemocytometer (American Optical Corp.).
Statistical analysis. All results are presented as mean ± SEM. Statistical analysis of the data were done using the nonparametric Mann-Whitney test, with P < 0.05 considered significant.
Results
Human RMS cell lines express tissue factor and activate coagulation cascade. Tissue factor activates BCC through the extrinsic pathway by converting prothrombin into thrombin. We report here for the first time that human RMS cell lines express tissue factor at the mRNA and protein levels (Supplementary Fig. S1; Fig. 1A) . Expression of tissue factor on RMS cells lines was constitutive and did not increase during hypoxia or upon stimulation by tumor necrosis factor-α or lipopolysaccharide (data not shown). More importantly, we noticed that tissue factor present on the surface of the RMS cells triggers BCC, as shown by using the tissue factor activity assay (Fig. 1B) . Based on this observation and our previous work (29, 30) , we hypothesized that tissue factor-triggered activation of BCC and thrombin release may affect several aspects of RMS cell biology that are related to tumor progression and metastasis, and focused on this issue in our current article.
Thrombin activated by RMS cells leads to the generation of prometastatic PMVs. We reported that thrombin may affect the metastatic potential of cancer cells indirectly by releasing from activated platelets circular membrane fragments called PMVs (29, 30) . Accordingly, we reported in our previous work that tissue factor expressed on the surface of lung cancer (29) and breast cancer cells (30) activates through thrombin blood platelets to release PMVs, which subsequently promote the metastatic potential of human cancer cells by transferring platelet-derived adhesion molecules to their surfaces. In addition, PMV may directly stimulate tumor cell growth through proteins and active lipids expressed on their surfaces (29, 30) .
Here, we evidenced by FACS analysis (Fig. 1C) that, similar to human lung and breast cancer cells, PMVs transfer to RMS cells' α2β3 integrin (CD41), which is crucial for interaction of platelets with the endothelium. Transfer of these adhesion molecules to RMS cells may increase their metastatic properties. Furthermore, similarly as we reported for human lung and breast cancer cells (29, 30) , PMVs directly stimulated in RMS cells AKT and MAPKp42/44 (Fig. 1D) .
Furthermore, PMVs also chemoattract human RMS cells and increase their adhesion to endothelial cells ( Fig. 2A and B, respectively) . More important, in an in vivo assay, we noticed that selected RMS cell line (CW9019 and RH30) covered by PMVs possess increased seeding efficacy into BM after i.v. injection into SCID mice ( Fig. 2C and D) . The seeding efficiency for RMS cells in murine BM was evaluated by real-time PCR by using detection of human α-satellite gene. In addition, the number of human cells present in murine BM (degree of chimerism) was calculated from the standard curve obtained by mixing different numbers of human cells with a constant number of murine cells as described (13) .
Thus, these data strongly suggest that thrombin may affect the metastatic potential of RMS cells indirectly through PMVs released from activated platelets.
RMS cells express functional thrombin receptors (PARs). Next, we become interested if RMS cells express thrombin-binding PARs 1, 3, and 4. In fact, we noticed that all nine RMS cell lines used in our studies express mRNA for PAR1 and PAR3 and three of nine cell lines (RH4, RH18, and RH28) express PAR4 mRNA (Fig. 3A) at very low levels. More importantly, we confirmed by FACS analysis that the main thrombin receptors, PAR1 and PAR3, are expressed at the protein level on the surface of RMS cells (Fig. 3B) .
To show that these receptors are functional, we stimulated human RMS cells by thrombin and noticed the activation of MAPKp42/44 in five of nine cell lines (RD, CW9019, RH28, RH3, and RH5) and activation of p38 in CW9019 and RH3 cells (Fig. 3C) . Interestingly, stimulation of RMS cells by thrombin did not affect the activation of AKT kinase in all these cell lines. Subsequently, all cell lines that expressed functional PAR1 and PAR3 receptors (RD2, CW9019, RH28, RH3, and RH5) were used for further studies. In parallel, RH30 cells that express nonfunctional PAR1 and PAR3 were used as negative controls.
Because thrombin may activate three receptors, i.e., PARs 1, 3, and 4, in the next step, we tried to address which one of these receptors is crucial for thrombin signaling. It is known that thrombin activates PARs by cleaving the NH 2 -termin al fragment of the receptor and unmasking the signaling peptide, which subsequently binds to the receptor and triggers signaling (47) . To determinate which PAR in RMS cells is involved in thrombin signaling, we used synthetic peptides that mimic unmasked peptides and that are PAR1-and PAR4-specific agonists.
First, we noticed similar pattern of intracellular signaling in RMS cells stimulated by thrombin and TRAP6, a specific PAR1 agonist (Fig. 3C and D, respectively) . At the same time however, we did not observe any activation of intracellular signaling after the stimulation of three RMS cell lines that expressed PAR4 mRNA ( Fig. 2A) after exposure to the PAR4-specific agonist (data not shown). This suggests that PAR4 is not involved in thrombin signaling in RMS cells. Because activation of PAR3 by thrombin unleashes the peptide, which does not bind PAR3 (44), we were not able to use a specific peptide to activate this receptor. However, these data clearly show that PAR1 and PAR3 are responsible for thrombin signaling in RMS cells.
Thrombin inhibits RMS chemotaxis. We reported that human RMS cells are strongly chemoattracted by BM-CM, which are sources of several RMS chemoattractants. These include SDF-1 and HGF/scatter factor, which are both factors responsible for BM infiltration by RMS cells (11, 12) . Therefore, in our chemotaxis experiments, we choose to use BM-CM as a source of chemoattractants. We noticed that both thrombin (Fig. 4A) as well as the selective PAR1 stimulatory peptide TRAP6 inhibit chemotaxis of RMS cells (Fig. 4B) , except for RH30 cells, which do not express functional PARs as mentioned and served as negative control. We also learned that inhibition of chemotaxis by thrombin was dose dependent. To support this, we observed ∼50% inhibition of chemotaxis at concentrations of 0.5 U/mL and almost complete inhibition at doses of 5 U/mL (Supplementary Fig. S2A ). Furthermore, a similar effect was observed regardless of whether thrombin was added to the lower chamber together with BM-CM or if cells were exposed during the chemotaxis assay to thrombin that was added to the upper chamber ( Supplementary Fig. S2B) .
Next, to check the specificity of thrombin in the inhibition of RMS chemotaxis, we used hirudin, which is a specific thrombin inhibitor (48) . Figure 4C shows that hirudin prevented the thrombin-dependent inhibition of chemotaxis of CW9019 cells that respond robustly to stimulation by both ligands (Fig. 3C and D) , but did not have any effect when PAR1 agonist TRAP6 was used (Fig. 4C) .
We also found by using CW9019 cells that thrombinmediated inhibition of chemotaxis was thrombin specific and was not seen when thrombin was replaced by PAR2 or PAR4 agonists (Fig. 4D) . Overall, these data suggest that on RMS cells, PAR1 mediates the inhibition of a chemotactic response of human RMS after exposure to thrombin.
Thrombin inhibits SDF-1-induced locomotion of RMS cells. We reported that SDF-1, one of major chemoattractants for RMS cells present in BM-CM (11), induces the locomotion of these cells. To address this issue, we studied movement on polystyrene dishes of two human ERMS cell lines (RD and CW9019) and three ARMS cell lines (RH28, RH5, and RH30) using time-lapse monitoring of the movement of individual cells. Figure 5 shows the trajectories of RMS cell migration in the absence (left) or presence (middle) of SDF-1 and (right) SDF-1 + thrombin in the culture media. Analyses of these trajectories and mean values as well as SEMs for the parameters of cell locomotion are summarized in Table 1 .
Analysis of individual cell trajectories showed that SDF-1 stimulated motility of RD, CW9019, RH 30, and RH5 cells, but not RH28 cells. Exposure of RD, CW9019, and RH5 cells to thrombin caused a statistically significant decrease in the average SDF-1-induced speed of locomotion as well as ∼3-fold decrease in the total length of cell displacement compared with SDF-1-stimulated cells (Table 1) .
Motile activity of RH30 not expressing functional PARs did not change in the presence of thrombin + SDF-1 in comparison with locomotion stimulated by SDF-1 alone. It is worth noting that because the migrating RMS cells made tortuous tracks (CME), their final displacement may be much smaller than the total length of their trajectories.
Thrombin inhibits RMS adhesion to endothelium. One of the important steps in the metastatic process is the adhesion of tumor cells circulating in the bloodstream or lymph vessels to the endothelium. In our experiments, we used human umbilical vein endothelial cells pretreated by tumor necrosis factor-α as a substrate for RMS cell adhesion. Before the adhesion assay, RMS cells were prestimulated with BM-CM for 15 minutes. Figure 6A shows that thrombin inhibited the adhesion of RMS cells except in RH30 cells, which as mentioned above lack functional PARs.
Interestingly, we also observed negative effect of thrombin on PMVs-induced chemotaxis and adhesion ( Supplementary  Fig. S3A and B) as well as PMVs-mediated in vivo spread of RMS cells injected into SCID mice ( Supplementary Fig. S3C  and D) . Thus, our data show that thrombin-PAR1, PAR3 axis in RMS cells, in contrast to other tumors, inhibits metastatic potential of malignant cells. These observations imply that thrombin may interfere with important signaling pathways involved in cell migration and adhesion. In fact, Fig. 4B shows that stimulation of RH5 cells, which show the highest chemotactic responsiveness (Fig. 4A and B) , by BM-CM activates MAPKp42/44, MAPKp38, and AKT. However, prestimulation of these cells by thrombin (2 U/mL) before exposure to BM-CM prevented AKT activation.
Effect of PAR1 and PAR3 on RMS cell proliferation. To evaluate whether thrombin may stimulate tumor growth similarly as described for other cancer cell lines (49), we exposed human RMS cell lines to thrombin (1 U/mL). When cells were counted 72 hours later, no effect on cell proliferation was noticed (Fig. 7A) . To our surprise, however, when we used TRAP6 for stimulation, which activates PAR1 selectively, we noticed increased proliferation of RMS cells (Fig. 7B) .
This indicated that thrombin affects RMS proliferation by activating opposite responses from PAR1 and PAR3. To test this hypothesis, we knocked down ( −/− ) PAR1 by using shorat hairpin RNA (∼80% as assessed by real-time quantitative PCR) and PAR3 (∼90% as assessed by realtime quantitative PCR) in CW9019 cells ( Supplementary  Fig. S4A and B, respectively). Subsequently, PAR1 −/− or PAR3 −/− cells were stimulated by thrombin (Fig. 7C) or TRAP6 (Fig. 7D) . As expected, although PAR3 knockdown resulted in an increase of RMS cell proliferation after stimulation by thrombin (Fig. 7C) , PAR3
−/− cells did not affect the response of RMS cells to TRAP6 (Fig. 7D) .
Interestingly, we also found that basic chemotaxis of CW9010 cells to BM-CM was less affected in PAR1 −/− cells after exposure to thrombin or TRAP6 (Supplementary Fig. S5 ). These data overall support that activation of PAR1 in wild-type cells is responsible for the inhibition of chemotaxis in response to thrombin and that this phenomenon may be related to a negative effect of thrombin on AKT activation (Fig. 6B) .
Pleiotropic effect of PAR on tumor growth in vivo. ), mice were sacrificed and tumor diameters were measured. We noticed a significant decrease in tumor growth in CW9010 cells in which PAR1 was downregulated (Fig. 7E ) and, at the same time, enhanced tumor formation in cells with PAR3 −/− (Fig. 7F) . Overall, these in vivo data corroborate our in vitro results and suggest novel mechanism that activation of PAR3 by thrombin inhibits the pro-proliferative effect of the thrombin-PAR1 axis (Fig. 8) .
Discussion
RMS is the most common soft tissue sarcoma of adolescents and children and frequently infiltrates the BM to the degree that it mimics acute lymphoblastic leukemia (1-3) . The prognosis is poor in particular for the more aggressive and metastatic ARMS type (4) (5) (6) (7) (8) (9) (10) (11) . In addition to rapid tumor expansion, distant metastases and BM involvement Table 1 . Parameters characterizing the movement of rhabdomyosarcoma RD, RH5, CW9019, RH28, and RH30 cells moving in control medium in the presence of SDF-1 (300 ng/mL) and in the presence of SDF-1 (300 ng/mL) with thrombin (5 U/mL) In our previous reports, we focused on a role of chemokines (SDF-1, IFN-inducible T-cell α chemoattractant, and interleukin-8), HGF (11, 12, 50) , and leukemia inhibitory factor (13) in RMS metastasis. In this current work, we are interested in the role of BCC in RMS spread. To justify this, activation of BCC was shown as having an important function in the progression of several tumors (38) (39) (40) (41) (42) 51) ; more importantly, disseminated intravascular coagulation has been reported in several cases of RMS (15, 16) .
We found that human RMS cells express functional tissue factor on their surface. It is well known that tissue factor may affect several aspects of tumor metastasis by promoting the conversion of prothrombin to thrombin. Tissue factor triggers the activation of BCC and released thrombin in this process: (a) activates platelets that release prometastatic PMVs, (b) stimulates tumor cells directly through PARs, (c) cleaves fibrinogen to cause fibrin formation, and (d) activates complement protein component 5, which releases anaphylatoxin component 5a and increases vascular permeability. All these processes collectively enhance tumor metastasis.
In our previous work, we showed that thrombin generates PMVs by stimulating and activating blood platelets. These PMVs increase the prometastatic properties of human lung (29) and breast cancer (30) cells. Accordingly, PMVs may directly stimulate tumor cells and increase their proliferation on one hand; on the other, they may transfer several platelet-associated receptors to the tumor cells and make them more adhesive to the endothelium. In the current study, we noticed that PMVs activate the phosphorylation of MAPK p42/44 and AKT, and transfer α2β3 integrin (CD41) to the surface of RMS cells, similarly to lung (29) or breast cancer cells (30) . This results in a chemotactic response of RMS cells to the PMV gradient and increased adhesiveness to fibronectin. Thus, PMVs may modulate metastatic behavior of RMS cells similarly as with other types of human cancer (29, 30) .
Next, thrombin as a proteolytic enzyme may activate cells through PARs. Thus far, four PARs were identified (PARs 1, 2, 3, and 4), three of which are activated by the NH 2 -termin al cleavage by thrombin (PARs 1, 3,  and 4) . The expression of PARs may differ with the tumor type (38) (39) (40) (41) (42) . In our studies, we noticed human RMS cells express functional thrombin PAR1 and PAR3 and that stimulation of RMS by thrombin induces the phosphorylation of MAPKp42/44 and MAPKp38, but not AKT, in these cells. Moreover, we noticed that thrombin inhibits AKT activation in RMS cells exposed to BM-CM.
Furthermore, and to our surprise, direct stimulation of RMS cells by thrombin negatively affected their chemotactic and adhesive properties in response to BM-CM that we used as a source of several chemoattractants (e.g., SDF-1, HGF) that mediate BM infiltration by RMS cells (11) (12) (13) (14) . This negative effect of thrombin on RMS chemotaxis may support the data by D'Amico et al. (52) , who proposed intratumor injection of thrombin as a potential antimetastatic therapeutic strategy. Moreover, in contrast to other tumors (49), thrombin did not affect the proliferation of our RMS cell lines. Unexpectedly, however, when PAR1-specific agonist TRAP6 was used, which does not activate PAR3, it increased RMS proliferation. This suggested a potentially inhibitory influence of PAR3 on potentially proproliferate PAR1 signaling in RMS cells.
To learn more about the roles of PAR1 and PAR3 in RMS proliferation and metastasis, we knocked down both receptors using a shorat hairpin RNA strategy. As expected, we found that although thrombin does not affect the growth of PAR1 −/− cells, it stimulated the proliferation of PAR3 −/− cells. More importantly, PAR3 −/− cells in contrast to PAR1 −/− formed larger tumors in immunodeficient mice. These data show a novel role of PAR3 as a negative regulator of PAR1 signaling (Fig. 8) . To support this notion, PAR1 may dimerize in endothelial cells with nonsignaling PAR3; this binding and dimerization of both receptors potentializes thrombin signaling through PAR1 (53) . In our RMS model, this PAR1-PAR3 interaction, however, shows a negative or inhibitory effect. Further studies are required to identify the proteins involved and clarify the molecular basis of this negative cross-talk.
In conclusion, we provide evidence for the first time that RMS-expressed tissue factor activates prothrombin and that thrombin is a novel, underappreciated, pleiotropic, and prometastatic factor for these cells (Fig. 7) . First, platelets activated in proximity to the tumor by thrombin release PMVs that chemoattract RMS cells and transfer to their surface several platelet-expressed receptors and adhesion molecules that are crucial for adhesion interaction with the endothelium. Second, thrombin may also directly interact with PAR1 and PAR3 on RMS cells. Activation of RMS cells by thrombin strongly inhibits their chemotactic and adhesive properties. Thus, by decreasing the responsiveness of RMS cells to local chemoattractants and decreasing adhesiveness of RMS cells, thrombin probably promotes the release of malignant cells from the primary tumor into circulation. Consequently, RMS cells that are covered by PMVs egress into circulation and respond to chemoattractants in distant organs for metastasis. Finally, we provide novel evidence for a PAR3-negative regulatory loop controlling the thrombin-PAR1 axis in RMS cells. This molecular basis of this phenomenon is currently under investigation in our laboratory.
